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Introduction
In fertile soils, microorganisms are surrounded by organic matter that is rich in carbon
and the nutrients that are required for cell maintenance and growth. However, microbes
cannot directly transport these macromolecules into the cytoplasm. Rather, they rely on
the activities of the myriad of enzymes that they synthesize and release into their
immediate environment. These extracellular enzymes depolymerize organic compounds
and generate soluble, low-number oligomers and monomers that are then recognized by

cell-wall receptors and transported across the outer membrane and into the cell.

Protein synthesis and enzyme production and secretion is energetically expensive,
requires nitrogen (Schimel and Weintraub, 2003), and is ultimately debilitating unless
there are equivalent nutritional rewards. Thus, the allocation of cell resources to enzyme
synthesis and secretion must involve a dynamic balance between the investment of the
precious resources allocated to the production of enzymes with the energy and nutrients
gained as a result of their activity. However, soil is an inherently hostile environment for
extracellular enzymes because once they leave the cell they are subject to denaturation,
degradation, and inactivation through both biotic and abiotic mechanisms. At first glance,
the microbial breakdown of organic macromolecules in soil looks to be an impossible

task!

The locations and functions of enzymes in soil have been researched and
discussed for decades (Burns, 1978, 1982; Burns and Dick, 2002; Nannipieri et al.,
2002a; Caldwell, 2005; Wallenstein and Weintraub, 2008), have been the focus of three



recent International Conferences in Grenada, Spain; Prague, The Czech Republic) and,
most recently, Viterbo, Italy and are now the focus of the Enzymes in the Environment
Research Coordination Network (http://enzymes.nrel.colostate.edu). In the last decade,
advances in molecular biology, microscopy, and analytical techniques plus some
imaginative re-thinking (Allison, 2005; Bouws et al., 2008; Wallenstein and Weintraub,
2008) have begun to provide new insights into the ecology of extracellular enzymes.
Another motivation for the many scientific advances in this subject is the need to
understand the detail of how enzymes function in a large number of industrial, medical
and environmental processes (Skujins, 1978). For example, those concerned with
composting (Crecchio et al., 2004; Raut et al., 2008), waste water (Shackle et al., 2006)
and sludge treatment (Alam et al., 2009) and the conversion of plant materials, including
wood and straw residues, to fermentable sugars for bioethanol production (Wackett,
2008) are trying hard to understand the functions and how to improve the efficiency of
the many enzymes involved. The paper and pulp industry invests resources into the study
of extracellular enzyme producing microorganisms (Witayakran and Ragauskas, 2009)
and as does the food industry which must control post-harvest spoilage and manage the
polysaccharidic wastes arising from many processes (Bayer et al., 2007). The invasive,
destructive and economically disastrous activities of phytopathogens (Kikot et al., 2009)
and the complex enzymology of ruminant digestion (Morrison et al. 2009) also require a
detailed knowledge of organic polymer solubilization and mineralization. Many potential
organic pollutants are chemically complex and/or poorly soluble and these require
extracellular catalysis (often by ‘ligninases’) prior to uptake, catabolism and
detoxification (Nannipieri and Bollag, 1991). The rational and successful bioremediation
of contaminated soil will depend on a thorough understanding of these enzymatic
processes (Asgher et al., 2008; Wackett, 2009). Microbial enzymes to degrade adhesins,
disrupt biofilms and repel colonizers are of interest to the antifouling industry (Kristensen
et al., 2008) and are the subject of countless patents. The range of interests in

extracellular enzymes seems endless.

Our well-founded concerns regarding the consequences of climate change on soil
processes have stimulated a great deal of experimental research, modeling, and theorizing

on soil organic matter formation and decomposition (Davidson et al., 2000; Kirschbaum,



2004; Eliasson et al., 2005; Fang et al., 2005; Jones et al., 2005; Knorr et al., 2005;
Bradford et al., 2008). The recalcitrant polyphenolic and polysaccharidic fraction of soil
is a long-term repository for sequestered carbon as well as being essential for crumb
structure, soil stability, plant nutrient and water retention, microbial diversity and
activities, and a host of properties that contribute to soil fertility and plant productivity.
Increasing soil (and water) temperatures, elevated atmospheric carbon dioxide (Finzi et
al., 2006), and more frequent wetting and drying cycles will change microbial community
composition and accelerate growth and enzyme activities (Henry et al., 2005; Chung et
al., 2007; Allison and Martiny, 2008) either directly or following their impact on plants.
The consequences of these changes may include a decline in the humic component: the C
sink becomes a flux (Melillo et al., 2002; Jones et al., 2003). Those attempting to assess
the outcomes of global warming by generating predictive carbon cycle models (Luo,
2007) must take into account any predicted increases in soil enzyme activities and the
associated decline in the hitherto recalcitrant humic matter (Davidson and Janssens,

2006).

The goal of this chapter is to describe the complexity and diversity of soil
enzymes and the macromolecules that they degrade. We will also discuss some aspects of
the regulation of extracellular enzyme synthesis and secretion and the many locations and
multiple fates of these enzymes after they are released from the cytoplasm. The chemical,
physical and biological properties of soil all affect enzyme diffusion, survival and
substrate turnover, as well as the proportion of the product that is available to, and
assimilated by, the producer cells. The ways in which microbes and their extracellular
enzymes attempt to overcome the generally destructive or inhibitory properties of the soil
matrix and the various strategies they adopt for effective substrate detection and

utilization will be described.

Substrate and Enzyme Diversity in Soils

Extracellular enzymes in soils catalyze the degradation of organic matter
primarily through hydrolytic and oxidative reactions. Hydrolytic enzymes are substrate-
specific, in that their conformation enables them to catalyze reactions that cleave specific

bonds (e.g., C-O and C-N bonds) that link monomers. On the other hand, oxidative



enzymes that act on broader classes of substrates that share similar bonds (e.g., C-C and
C-0O-C) use either oxygen (oxygenases) or hydrogen peroxide (peroxidases) as electron

acceptors.

Although soil organic matter is traditionally classified into several broad groups
based on solubility and molecular mass, its chemical structure varies widely at the
molecular level (Piccolo, 2001; Kelleher and Simpson, 2006). Thus, an equally diverse
suite of enzymes has evolved to access the carbon and nutrients contained, but not
immediately bioavailable, in plant, animal and microbial detritus (Caldwell, 2005).
Another factor contributing to the need for an enormous variety of soil extracellular
enzymes is their interactions with the abiotic environment. For example, temperature is a
strong controller of the three-dimensional physical structure of enzymes (conformation)
as well as their configuration at surfaces such as clays (Daniel et al., 2008). The active
site on an enzyme (both before and after complexing and sorption) may only be exposed
and accessible to substrates under a narrow temperature range, resulting in thermal
optima for the activity of each enzyme (Daniel et al., 2001) that is different from when
the enzyme is in the solution phase. Similarly, pH can affect the conformation of
enzymes and thus their activity (Niemi and Vepsalainen, 2005) and again especially at
surfaces where hydrogen ion concentrations may be different to those in the bulk phase.
Soil ion exchange capacity and charge density and distribution also will influence
substrate-enzyme interactions and kinetics. Thus, the same or different microorganisms
may, by neccessity, produce not only an arsenal of enzymes that target the same substrate

but also multiple variants of individual enzymes.

For complex organic material, such as plant debris (composed of cellulose,
hemicelluloses, pectins, starch and lignins), extracellular degradation requires the
simultaneous and/or sequential activities of a large number of hydrolytic and
oxidoreductive enzymes produced by a diverse community of bacteria and fungi. In the
case of a plant leaf or a dead microbial cell (composed of peptidoglycans, lipoteichoic
acids, lipopolysaccharides, glycoproteins, chitin, glucans and mannans), it is likely that
more than 50 different extracellular enzymes are involved even before all the organic

matter is transformed into the low-molecular-mass carbon and energy sources that can



enter the cell. Intuitively, the muti-enzyme processes necessary for successful biopolymer
degradation in soils are improbable: cascades of enzymes secreted in an organized
sequence and surviving long enough to function in concert to produce pentoses, hexoses,
phenols, amino acids, amino sugars, etc. Despite this unlikely series of events, and the
necessary contribution of diverse members of the decomposer community, the turnover
of organic macromolecules is a constant and usually effective process. The complexity of
soil organic matter degradation and the multiple roles of extracellular enzymes are well

illustrated by the microbial ecology and enzymology of cellulose and lignin decay.

Cellulose, the most abundant form of fixed carbon, is a chemically simple yet
structurally complex and insoluble polymer that is composed of linear chains of 5,000 or
more glucose units held together with H-bonds to form rigid microfibrils. The
microfibrils are then linked to hemicelluloses, pectins, glycoproteins and lignins.
Different microbes have developed different and sometimes complex strategies to deal
with cellulose in this natural state. But the rewards are great: an abundance of glucose.
Basidiomycete and ascomycete fungi are major degraders of cellulose, typically
employing a battery of extracellular hydrolytic enzymes (Baldrian and Valaskova, 2008)
including endo-1.4-B- glucanases or endocellulases (EC 3.2.1.4), cellobiohydrolases or
exocellulases (EC 3.2.1.91) and B-glucosidases (EC 3.2.1.21). Many fungi secrete all
three of these enzymes although some bacteria retain f-glucosidases within the cytoplasm
because they are able to transport cellobiose through the cell wall. In addition to the three
principal cellulases, the overall oxidative decomposition of cellulose is a function of
cellobiose dehydrogenase (EC1.1.99.18) and enzymically generated hydrogen peroxide
and the resulting hydroxyl radicals. Other ill-defined extracellular enzymes (e.g.
‘expansins’, ‘swollenins’), which help to loosen the structure of cell walls prior to
cellulase penetration, have been recorded (Tsumuraya,1996; Kim et al., 2009). Some
anaerobic bacteria use cellobiose phosphorylase (EC 2.4.1.20) to convert the dimer to

glucose and glucose-1-phosphate.

The best known (and now sequenced) cellulose degrader, Trichoderma reesei
(Hypocrea jecorina) has 30 or more glycosyl hydrolases, including seven

endoglucanases, and a secretome containing greater than 100 proteins (Martinez et



al.,2008). Its close relative, Trichoderma harzianum, produces more than 250
extracellular proteins when grown on chitin or fungal cell walls (Suarez et al., 2005).
Cellulolysis is less common in bacteria but there are many important strains, especially
ruminant anaerobes and those found in high temperature environments. However, as with
all microbes, growth conditions and substrates will strongly impact the synthesis and
secretion of enzymes. The enzymology of cellulolysis and some of the strategies for
degrading plant cell walls have been reviewed (Aro et al., 2005; Wilson, 2008) and a

large number of celluloytic fungi and bacteria studied in detail.

Once in contact with their substrate, cellulases have a variety of ways in which
they not only maintain their stability but also increase their activity. One mechanism
relates to the all-important cellulose binding moieties (CBM) and their binding affinities
(Hilden and Johansson, 2004)). Fungal and bacterial CBMs belong to many different
families (Wilson, 2008) and serve to anchor the enzyme to its substrate at appropriate
sites for the catalytic domain (CD) to cleave the -1,4-linkages (Boraston et al., 2003).
CBMs may also detach and slide across the fibrillar surface and thus move the associated
CD along the cellulose chain. This relocates the CD and processively hydrolyzes the
substrate (Jervis et al, 1997; Bu et al., 2009).

Not all cellulolytic microorganisms secrete the full complement of endo- and ecto-
cellulases and they must, therefore, rely on other microbes in order to successfully
degrade cellulose. This observation reinforces the notion of a community-driven process
and it has been reported that endo- and ecto-cellulases from unrelated microorganisms
can act synergistically sometimes with specific activites up to 15X those shown by the
individual enzymes (Irwin et al., 1993). Logically, endocellulases should precede

ectocellulases because they will expose more sites for attack.

The CAZy web site (http://www.cazy.org) currently lists 14 families containing
cellulases. Why do fungi and bacteria express so many cellulases? There are many
possible answers to this, as suggested previously, but certainly the physical diversity of
the plant cell wall with its amorphous and crystalline cellulose regions, the many
differing contributions of and associations with other structural polymers, and the

variable chemical and physical properties of soil all play a part. The microbial



community needs cellulases for every occasion and in every situation in order to exploit

the huge carbon and energy resource offered by plant residues.

Lignin, with which cellulose is usually associated, is a complex phenypropanoid
and one of the major structural components of plant litter. In soil, the recalcitrant acid
insoluble humic fraction is composed of lignin degradation products (vanillin, ferulic
acid, guiacol, etc.) and many condensed polymers of these aromatics. Not surprisingly,
lignin and its chemical cousin humic matter are amongst the most refractory components

of soil organic matter.

Lignin degradation is carried out mainly by basidiomycetes (Hatakka, 1994;
Osono, 2007), some ascomycetes, such as Xylaria spp. (Kellner et al., 2007) and certain
actinobacteria (Kirby, 2006). Both saprotrophic (Valaskova et al., 2007) and
ectomycorrhizal fungi (Chen et al., 2001) can produce lignin-degrading enzymes. Lignin
is broken down by a suite of oxidative enzymes including laccases (E.C. 1.10.3.2),
managanese peroxidases (EC 1.11.1.13), and lignin peroxidases (EC 1.11.1.14). The
laccase gene, in particular, is widespread among bacteria (Alexandre and Zhulin, 2000;
Claus, 2003), and the importance of bacteria in lignin degradation may be underestimated
(Kellner et al., 2008). Lignin peroxidase (EC 1.11.1.14), cellobiose dehydrogenases
(EC1.1.99.18) and pyranose-2-oxidases (EC 1.1.3.10) are also involved in lignin
degradation (Baldrain et al., 2006; Nyanhongo et al., 2007). The well-known contribution
of Fenton chemistry to the overall sequence (Rubilar et al., 2008) demands the input of
enzymes generating hydrogen peroxide (e.g. glucose oxidase and glyoxal oxidase) as
well as Fe*" and Mn?". Clearly, as is the situation with cellulose, lignin degradation is a

complex process involving a large number of enzymes (Wong, 2009).

There are three classically described lignin degradation sequences involving
white-rot, soft-rot, and brown-rot fungi (Osono, 2007). White-rot fungi are the only
degraders able to completely mineralize lignin. They accomplish this through a
combination of hydroxylation and demethylation, followed by oxidative degradation of
the remaining aromatic rings by Mn-peroxidase. In contrast, brown-rot fungi modify
lignin by removing methoxyl groups, but do not oxidase the aromatic rings. Soft-rot

fungi such as ascomycetes and deuteromycetes, break down the middle lamella of the cell
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wall, which acts to soften the lignin structure. Soft-rot fungi appear to produce

peroxidases enzymes that are specific to lignin in hardwoods.

The white rot fungus Phanerochaete chrysosporium has more than 100 glycosyl
hydrolases, in excess of 20 ‘ligninases’ and a secretome of nearly 800 proteins (Vanden
Wymelenberg et al., 2006) including lignin peroxidases (8), manganese peroxidases (8),
other oxidoreductases (87), and glycoside hydrolases(90). The hydrogen peroxide
required for peroxidase activity is produced by a suite of enzymes (glyoxal oxidases
(EC1.1.3 -), superoxide dismutases (EC1.15.1.1), aryl alcohol oxidases (1.1.3.7). The
lignin degrader Coprinopsis cinerea is predicted to secrete 1,769 proteins and, to date, 76

of these have been identified as enzymes (Bouws et al., 2008).

The physical structure of detritus is an important determinant of which
compounds are enzymatically degraded first. Carbohydrates are often located on the
outer fiber structures of litter, making them susceptible to the early colonizers of litter.
On the other hand, some constituents that are otherwise relatively easily degraded can
persist in litter until later stages because they are physically protected. Lignin acts as a
barrier around cellulose and needs to be broken down to increase the access of cellulases
to their substrate. Furthermore, lignin degradation per se is thought to be energetically
unfavorable, thus, it is possible that brown-rot and soft-rot fungi degrade lignin only to
access cellulose, other polymers or sources of nitrogen. Nonetheless, the relative amounts
of acid insoluble substances tend to increase as lignocellulose decomposition occurs
(Osono, 2007). It is probable that lignin degradation has to be coupled to celluloysis to
generate an adequate carbon and energy supply and that fungi and bacteria act in concert

to achieve this end.

Location and Stability of Extracellular Enzymes in Soil

Microbes and their extracellular enzymes must be capable of detecting, moving
towards, and transforming organic debris to soluble monomers (or short oligomers) that
are subsequently transported into the cytoplasm. As stated previously, the
macromolecular components of living and dead plant, animal and microbial tissues are

often physically and chemically associated with each other and sorb or entrap other low-



molecular-weight organic compounds. This presents a barrier that restricts microbial and
extracellular enzyme access even to the otherwise vulnerable soluble constituents of
organic matter. The substrates themselves may also be sequestered within soil
components and this will reduce their accessibility to enzymes (Jastrow et al., 2007).
Thus, degradation of macromolecules and more easily metabolised organics in soils
requires not only enzyme production, but also physical contact of enzymes with their
target substrates and the sites of catalysis. Furthermore, abiotic conditions must be

within a range where enzymes can survive and activity can occur.

Extracellular enzymes may be associated with the microbial cell’s plasma
membrane, contained within and attached to the walls of the periplasmic space, cell wall
and glycocalyx, or released into the soil aqueous phase (Figure 1; Sinsabaugh, 1994). The
periplasm may provide Gram-negative bacteria with a reservoir of activity that is retained
until an external signal for secretion is received — perhaps an efficient and rapid method
for responding to the appearance of a potential substrate. Periplasmic enzymes may also
process their proteins and enzymes en route to the extracellular environment in order to
prepare them for the hostile ‘real world.” For example, glycosylation may take place in
the periplasm (Feldman et al., 2005). With regard to catalysis within the periplasm, the
targets must be limited to low-molecular-mass structures that can be transported through
the outer membrane. Thus, enzymes that degrade sugar dimers, such as cellobiose and
mannose, and some phosphatases and nucleases are often (but not always) restricted to
the periplasmic space and further transform their substrates immediately prior to transport

into the cytoplasm.

Some extracellular enzymes are retained on the outer surface of the cell wall (i.e
mural or peripheral enzymes) and are likely to be configured in such a way that their
active sites are exposed and the zones that are most subject to attack by proteases are
protected. Two other types of non-diffusing extracellular enzymes exist: those within the
polysaccharidic coat that covers the cell or is part of a multicellular biofilm (Flemming
and Wingender, 2002; Romani et al., 2008) and those organized within microscopically
visible structures attached to, but protruding from, the cell wall. The latter, called

cellulosomes, were first described for the anaerobic thermophile Clostridium

sandenoj 6/18/10 11:39 AM

Comment: Is there supposed to be a Figure in
this Chapter? The figure number does not appear
to relate to the Sinsabaugh reference




thermocellum, and have been much researched since (Bayer et al., 2004; Gold and
Martin, 2007,;Bayer et al., 2008; Peer et al., 2009). Clostridium thermocellum, produces
dozens of extracellular enzymes, including endoglucanases, exoglucanses, [
glucosidases, xylanases, lichenases, laminarinases, xylosidases, galactosidases,
mannosidases, pectin lyases, pectin methylesterases, polygalacturonate hydrolases,
cellobiose phosphorylases, and cellodextrin phophorylases (Lamed et al., 1983; Demain

et al., 2005) and many of them may be contained within cellulosomes.

We now know that many anaerobic ruminant and some soil bacteria (including
species belonging to the genera Bacillus, Clostridium and Bacteriodes), Archaea and
fungi package their hydrolases at the cell surface. The enzymes are housed within
somewhat rigid structures that vary from around 20nm to greater than 200nm in size and
have a molecular mass in excess of one million. Cellulases (as well as hemicellulases,
pectinases and xylanases) are arranged on a protein scaffold that provides an architecture
that facilitates endo- and ecto- cleavage of polysaccharides. Cellulosomes may also
contain proteases and secrete antibiotics (Schwarz and Zverlov, 2006) to give some the
microbe some protection against competitors (see below). Based on our rapidly
advancing knowledge of the bacterial proteome, the possibility of constructing
cellulosome-like chimeras is under investigation (Mingardon et al., 2007). Some
pathogenic bacteria actually bypass the risky secretion phase by translocating the
extracellular enzymes directly into the target cell using secretory needle (Pastor et al.,

2005). It is not know if such a mechanism functions in soil organic matter degradation.

Some enzymes that dissociate from the cell and are released into the aqueous
phase will survive for a time. In fact, many extracellular enzymes are inherently more
stable than their intracellular counterparts because they are glycosylated or have disulfide
bonds. These modifications provide thermostability, a broad pH range for activity, and
also some resistance to proteolysis. Other enzymes become stabilized through
interactions with clay minerals and soil organic matter (Figure 1

; (Burns, 1982;
Nannipieri et al., 2002b) or tannins (Joanisse et al., 2007). In fact, much of the activity of Sl s SR b

some enzymes is associated with organic and inorganic colloids rather than being free in

solution (Kandeler, 1990). Many of these bound enzymes are not extracellular sensu



stricta but rather they have become externalized as a result of the death and lysis of their
parent cell. In fact, the same enzyme may be found in different locations. Regardless of
their origins, stabilized enzymes often have reduced in-situ activity, as complexation can
restrict substrate accessibility, occlude active sites, and cause conformational changes
(Allison and Jastrow, 2006; Nannipieri, 2006; Quiquampoix and Burns, 2007). Enzymes
stabilized as components of humic matter and associated with organomineral complexes
may retain some activity (Tate, 2002). However, this will vary between specific enzymes.
For example, (Gianfreda et al., 1995) found that when urease complexes with tannic acid
are formed in the presence of ferric ions and aluminum hydroxide species, the enzyme
retains its conformation and function. Pflug (1982) reported that clay-bound cellulase
enzymes maintained activity, whereas starch degrading o-amylase and amyloglucosidase
activities were completely inhibited following adsorption to clays. The same enzyme
may even express different activities depending on its distribution between the various
adsorptive soil fractions (Marx et al., 2005). Stabilization may also protect enzymes
against proteases and other denaturing agents (Nannipieri et al., 1978; Nannipieri et al.,
1988). It is possible that enzymatic function may be restored if enzymes are detached
from organomineral complexes. However, irreversible deactivation is common with
enzymes adsorbed to surfaces as a result of changes in protein conformation. If the
enzyme is unfolded and the number of points of contact with the surface increase, more
energy will be required to reverse the unfolding of the adsorbed enzyme, and may exceed
the thermal energy available (Quiquampoix et al., 2002). Thus, the turnover time of
extracellular enzymes complexed with humic molecules or adsorbed by clay minerals (or
a combination of both) is likely to be longer than those free in the aqueous phase
although their capacity to diffuse to distantly located substrates will be much reduced
(Hope and Burns, 1985). However, turnover rates of enzymes in soils have not yet been

measured—an important gap in our understanding of soil enzymology.

The active proportion of stabilized soil enzymes represents a reservoir of potential
enzyme activity that may be important under some conditions. Indeed, it may represent
the first catalytic response to changes in substrate availability in soils, and may serve as

the originator of signaling molecules for the microbial community. Soil-bound enzymes



also may be a reservoir of potential activity in soils during periods when microbial

biomass is low or shut down due to stressed conditions (Stursova and Sinsabaugh, 2008).

Identifying the functional locations of extracellular enzymes in soils and
quantifying their individual contribution to the catalysis of a particular substrate are
challenges yet to be overcome by soil biochemists (Wallenstein and Weintraub, 2008).
The majority of research on soil enzymes has focused on quantifying potential enzyme
degradation rates in soil slurries where substrate supply is non-limiting. In undisturbed
soils, enzyme and substrate diffusion are restricted by the microscale spatial structure of
the soil which limits water movement and isolates microsites. Several studies have
examined the distribution of enzymes in relation to aggregate size (Henry et al., 2005;
Dorodnikov et al., 2009) and Dong et al .(2007) used a novel approach to demonstrate
that B-glucosidase activity was concentrated around plant roots. There has been some
progress in imaging substrates and enzymes in soils since the early influential studies
using scanning electron microscopy (Foster and Martin, 1981; Foster 1985) and confocal
laser scanning microscopy (Alvarez et al., 2006) and atomic force microscopy show
potential (Nigmatullin et al., 2004,\; Kaiser and Guggenberger, 2007). The use of
autofluorescent proteins and enzymes warrants further investigation (Larrainzar et al.,
2005). However, electron-dense soil minerals and humic substances and sequestration
within clays and humates interfere with the visualization of enzymes. A potential advance
that could overcome many of these limitations involves the use of Quantum Dots (Qdots),
which are nano-scale crystals that emit in the near-infared wavelengths and are more
photostable than current fluorophores (Michalet et al., 2005). Qdots that are quenched till
they bind to their target enzyme (Blum et al., 2005; Blum et al., 2007) are already used
widely in biomedical research to detect protease activity, and this technology could be
adapted to soils (Whiteside et al., 2009). Direct measurement of in-situ enzyme activity
would be the ultimate tool to fully understand the complex interactions between

microbes, enzymes, and SOM.

Thermal Controls on Enzyme Activities

The conditions chosen to conduct enzyme assays in the laboratory have long been

debated because the outcome will be determined by such as pH, substrate concentration,



water content and agitation. In addition to these methodological uncertainties, there are
temporal and spatial variations ranging from the soil microenvironment to the geographic
that render the interpretation of the data very difficult. A good example of the problem is
the influence of temperature on enzyme activities (Wallenstein and Weintraub, 2008). In
most ecosystems, soil temperatures vary on diel to seasonal time scales, and change in
response to long-term climate trends. If we assume that over a certain range enzyme
activity roughly doubles for every 10°C increase in temperature (i.e. Q1o = 2), then the
effect of temperature may have a greater impact on in situ activity rates than seasonal
fluctuations in enzyme potential at most sites. For example, (Wallenstein et al., 2009)
developed a quantitative model of in-situ B-glucosidase activities based on seasonal lab-
based measurements of potential activities at two temperatures, and using daily soil
temperature data from an Arctic tundra site. They found that temperature explained 72%
of the annual variation in predicted in-situ activities. Temperature had a larger influence
on modeled enzyme activity than seasonal changes in enzyme pools. Clearly,

temperature controls on enzyme activities needs to be further explored in other biomes.

The assumption that all enzymes are equally sensitive to temperature, or even that
the same class of enzyme exhibits a consistent temperature sensitivity within a single site,
has not been borne out in the literature. In fact, several studies have demonstrated that
the temperature sensitivity of extracellular enzymes changes seasonally (Fenner et al.,
2005; Koch et al., 2007a; Trasar-Cepeda et al., 2007; Wallenstein et al., 2009). The most
likely explanation is that the measured enzyme pool consists of contributions from
different enzymes and isoenzymes and these change with time, as do their microbial
source(s) (Loveland et al., 1994; Sanchez-Perez et al., 2008). Consistent with this
hypothesis, Di Nardo et al. (2004) found temporal changes in laccase and peroxidase
isoenzymes during leaf litter decomposition. There is also some evidence for
biogeographical patterns in enzyme temperature sensitivity. For example, many studies
have observed that enzymes from microbes inhabiting cold environments have unusually
low temperature optima (Huston et al., 2000; Coker et al., 2003; Feller and Gerday,
2003). Nonetheless, these observations suggest that microbes producing enzymes that

maintain optimal activity under native soil conditions are favored. Thus, soil microbial



community composition is likely controlled to some extent through feedbacks with

enzyme efficacy.

The accumulated evidence of numerous studies suggests a wide range in
temperature sensitivities for different enzymes, and measured Qo values are often much
less than two (McClaugherty and Linkins, 1990; Frankenberger and Tabatabai, 1991a, b;
Wirth and Wolf ,1992; Criquet et al., 1999; Parham and Deng, 2000; Elsgaard and
Vinther, 2004). For example, Trasar-Cepeda et al. (2007) measured the Qo of nine
different enzymes in three different soils, and found that the Qo at 20°C exceeded 2.0
only for a single enzyme (B-glucosidase) in one of the soils. Most of the enzymes had a
Qio closer to 1.5. The apparent temperature sensitivity of enzymes in lab assays with
unlimited amounts of substrate and in without constraints to diffusion may differ
markedly from in-situ temperature sensitivities. Even despite methodological concerns,
there is insufficient data to assess the degree to which enzyme temperature sensitivity
varies across spatial gradients or in response to other environmental factors. However, it
is clear that temperature sensitivities differ within a single environment. For example,
Koch et al. (2007b) found that at low temperatures, the relative temperature sensitivity of
representative C-degrading enzymes was greater than aminopeptidases (which degrade
N-rich proteins), suggesting that relative N availability could be decreased directly by
temperature. Similarly, in the study by Wallenstein et al. (2009), N-degrading enzymes
tended to have a lower Qo (overall mean of 1.59) than C-degrading enzymes (overall
mean of 2.07). If these enzymes are representative of the many enzymes involved in C
and N cycling, we can conclude that without any changes in enzyme pools the relative in
situ activity of these enzymes would change along with temperature, resulting in higher
rates of C-mineralization relative to N-mineralization. Because different enzymes have
different temperature sensitivities, changes in soil temperature may also alter the relative
rates of decomposition for different components of soil organic matter. Therefore,
seasonal changes in temperature can alter the balance of SOM components contributing
to soil respiration without any changes in soil enzyme pools (or measured enzyme
potentials). Natural or human-driven changes in climate could also alter the relative rate
of decomposition of SOM components, and ultimately, the quantity and composition of

SOM.



Well-established biochemical principles predict that the temperature sensitivity of
enzyme-mediated reactions is directly related to the activation energy required to initiate
that reaction (Davidson and Janssens, 2006). In other words, we would expect enzymatic
reactions with higher activation energies to exhibit a greater degree of temperature
sensitivity, all other factors being equal. If we extend this principle to organic matter
decomposition, we would predict that the decomposition of low quality litter (i.e. litter
with high molecular complexity), or specific steps in the decomposition sequence that
have high activation energies, to be more temperature-sensitive than the decomposition of
high quality (labile) litter or that involving enzymatic steps with low activation energies.
This has been demonstrated under laboratory conditions by (Fierer et al., 2005) who
found that the decomposition of less-labile litter is more temperature-sensitive than
recalcitrant litter and that the temperature sensitivity of decomposition increases as
decomposition progresses. Recent work suggests that this principle may also explain
some of the observed variability in the temperature sensitivity of soil organic matter
decomposition (Conant et al., 2008). However, it is important to note that organic carbon
quality is likely to be only one factor regulating the apparent temperature sensitivity of
decomposition in the field as litter carbon availability can be controlled by abiotic
processes (soil aggregation, organo-mineral interactions) that may obscure the apparent
carbon quality-temperature sensitivity interactions (von Lutzow and Kogel-Knabner,
2009). As temperatures increase, the proportion of assimilated substrate that is allocated
to new biomass (substrate use efficiency) decreases (Steinweg et al., 2008). In other
words, more of the substrate C is lost through respiration at higher temperatures. This
has important implications for the long-term fate of detritus and could affect the
proportion of detritus that is humified and stored in stable soil C pools versus that

proportion returned to the atmosphere as CO,, thus affecting the global C budget.

Regulation of Extracellular Enzyme Production

Our understanding of the microbial regulation of extracellular enzyme production
in soil comes from either pure-culture studies, from patterns of enzyme potential across C
and nutrient gradients or in response to experimental additions (Carreiro et al., 2000;

Saiya-Cork et al., 2002; Michel and Matzner, 2003; Gallo et al., 2004; Allison and



Vitousek, 2005). In the case of pure culture studies, microbial physiology in artificial
media does not reflect in-situ behavior, and few studies have represented the immense
diversity of microbes present in soils. On the other hand, observations of variations in
enzyme potentials in response to C or nutrient additions are suggestive of increased
enzyme production, but are confounded with changes in enzyme stabilization,
degradation, and changes in microbial biomass or community structure (Waldrop et al.,
2000). Our understanding of the regulation of microbial enzyme production in soil is
being advanced by studies using genomic, transcriptomic, and proteomic tools
(Wallenstein and Weintraub, 2008).

In some cases, microbes may produce small amounts of extracellular enzymes
regardless of substrate availability as a speculative sensing mechanism to detect substrate
(Klonowska et al., 2002). When the substrate is present, these constitutive enzymes
generate reaction products that induce additional enzyme synthesis. Once concentrations
of products are sufficient to meet demand, enzyme production is down-regulated and

returns to low constitutive levels (Chrost, 1991).

This is a process known as quorum sensing and has been well-described for many
phytopathogens. For instance, Erwinia caratovora virulence factors are controlled by
bacterial cell density and the local concentration of the self-produced signaling molecule
acyl homoserine lactone (Barnard and Salmond, 2007). Gene products in this situation
are pectin methyl esterase, pectic lyase and polygalacturonase that depolymerise the
protective coat of the target seed or fruit and facilitate penetration and pathogenesis.
Many other effector proteins pass into the host plant tissue and reduce its resistance to
attack. Quorum sensing in the rhizosphere is believed to be an important controlling

process for all sorts of catalytic activities (Pang et al., 2009).

Because microbial production of extracellular enzymes is carbon, nitrogen, and
energy intensive, microbes should produce only enzymes such as polysaccharases when
nutrients and soluble C are scarce (Koch, 1985), or to maintain the stoichiometry of
microbial biomass (Cleveland and Liptzin, 2007). When a nutrient is available in the soil
solution, microbes down-regulate or suppress their production of the enzymes that

acquire that nutrient and thereby reduce the bioenergetic costs of manufacture (Pelletier



and Sygush, 1990; Chrost, 1991; Sinsabaugh and Moorhead, 1994). Polysaccharase
production is increased when there is plentiful supply of soluble nitrogen (Sinsabaugh et
al., 2002) while excess carbon may increase protease synthesis. Another expression of
this control is that extracellular enzyme secretion is usually inversely related to specific
growth rate. When particular nutrients are scarce, on the other hand, microbes secrete
enzymes to liberate those nutrients from organic matter (Harder and Dijkhuizen, 1983).
However, this strategy can only be successful if the appropriate organic substrates are
present. As a result, the production of some extracellular enzymes may occur only in the
presence of a suitable substrate or some other inducer (Allison and Vitousek, 2005). It is
important to remember that the inducer molecule may not have to enter the cell to
stimulate extracellular enzyme synthesis and release. Instead, it can bind to cell wall
receptor proteins (sensory kinases) and initiate a sequence that passes the signal into the

cell.

The successful depolymerization and subsequent metabolism of complex carbon
and energy sources will be governed by the growth requirements of the attacking
microorganisms and, in that context, C:N:P ratios (and yield coefficients) may be rate-
limiting. Leaf litter generally has a C:N ratio in the range 20-80 and a C:P ratio of
around 3000:1. Microorganisms, on the other hand, have C:N ratios of 5-10:1 and C:P
ratios of 50-100:1 (Cleveland and Liptzin, 2007). Therefore, microbes degrading plant
residues need not only the right compliment of penetrative enzymes but also ways to
access additional N and P (and all the other elements that make up a microbial cell). One
source will be dead microbial cells, although these are also composed of many complex
polymers. A high proportion of nitrogen in soil will be in the form of proteinaceous
compounds which will themselves require the activities of extracellular proteinases prior

to microbial utilization (Geisseler and Horwath, 2008).

Because decomposition is a predominantly extracellular process that may take
place remote from the cell, the diffusing enzymes can be destroyed or inactivated long
before they locate a substrate. But even if the organic substrate is located and degraded,
other microbes may intercept the products before the originating cell can benefit. These

opportunistic ‘cheaters’ may not have invested any resources in extracellular enzyme



generation yet will reduce the efficiency of the entire process as far as the actual enzyme
producer is concerned (Allison, 2005). However, some microbes employ antibiotics and
enzymes to reduce this cheating or they rely on the activities of predators to control their
rivals; in the rumen stomach protozoa may have this function (Modak et al., 2007). The
various forms of mural enzymes overcome the ‘highjacking’ problem by delivering
products at the cell surface. The coordination of enzyme production by quorum sensing
and the spatial aggregation of enzyme producers also may mitigate or reduce competitive
interference from cheater microbes (Ekschmitt et al., 2005). Of course, what might
appear to us as ‘selfish’ may be part of a complex and poorly understood microbial
community cooperation: the so-called cheaters might provide some direct or, more likely,
indirect benefit to the cheated. Or, it may be that the benefits of a successful extracellular
depolymerization far outweigh the disadvantages derived from some of the products
being intercepted. Within a self-supporting microbial community, low levels of
continuous enzyme secretion by a small proportion of the population might be effective
because rapid up-regulation can occur once the substrate is detected and the cells receive
the appropriate signal. But what proportion of the community can be sacrificed to ensure
the success and stability of the remaining components? In this context it would be useful
to produce an energy budget that compares expenditure to savings and interest within the
microbial community and how this is modified subsequently in soil. Game theory
analysis as it may apply to microbial strategies in soils warrants more attention (Velicer,
2003; Davidson and Surette, 2008) as does intraspecies variation and individual sacrifice

for the benefit of the whole (Krug et al., 2008).

Conclusions

We have emphasized the role of microbial extracellular enzymes in the
degradation of lignocelluloses, but equally detailed and sometimes speculative
descriptions could be applied to chitin (Ekschmitt et al., 2005; Duo-Chuan, 2006), pectin
(Abbott and Boraston, 2008), mannan (Dhawan and Kaur, 2007), and many other
biopolymers. In addition, we have ignored a major component of the overall process of
lignocellulolysis and carbon mineralization — that is the comminuting activities of

invertebrates — especially ants (Ikeda-Ohtsubo and Brune, 2009), termites (Douglas,



2009) and earthworms (Nozaki et al., 2009) and the symbiotic activities of the
cellulolytic microbes they cultivate (Silva et al., 2006) or harbor in their digestive tracts.
The contribution that grazing ruminants and their gut microflora (Desvaux, 2005) is also

part of the densely complex topic of macromolecule breakdown in soils.

An enhanced knowledge of extracellular enzyme function will have many
practical applications including manipulating the soil for bioremediation, biocontrol,
plant nutrient generation and availability, and C sequestration. There are also
implications for plant pathology, biofuel production, and the impacts of climate change
on soil enzyme activities. Protein survival and movement in soils and sediments is a
broader issue and may have important human health consequences (Quiquampoix and

Burns, 2007).

One of the greatest challenges in soil enzymology is to link the functional and
ecological aspects of soil microbial extracellular enzyme activities to organic matter
degradation. We are increasingly equipped with the analytical (electrophoretic,
chromatographic, mass spectrometric — especially MALDI-TOF/MS), microscopical
(fluorescence, scanning probe, atomic and ultrasonic force, confocal laser, scanning
probe, differential interference , etc) , molecular (genomics, proteomics, metabolomics,
secretomics, metagenomics (Metcalfe et al., 2002; Daniel, 2005; Fuka et al., 2008),
biosensor (Gage et al., 2008) and bioinformatic tools to achieve this objective at both
the individual genotype and community level. We must now begin to apply these tools to

advance our understanding of the ecology and biochemistry of soil enzymology.

Are the activities of microbial enzymes in soil an example of organized chaos,
ongoing selection processes or the outcome of an advanced and stable community
organization? The answers to these fundamental questions and their application to the

rational manipulation of soil should emerge within the next decade.
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